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Abstract: Significant efforts have been devoted to understanding the structural and physicochemical properties of
unfolded and intrinsically disordered proteins. Combining
experimental measurements with molecular simulations and
polymer theory calculations has emerged as a powerful
route to accurately characterize the rapidly interchanging
conformations of the unfolded ensemble. We review a selection of recent works on the dynamics of unfolded and intrinsically disordered proteins, focusing primarily on computer simulation and theoretical approaches. We use the

energy landscapes paradigm to highlight various computational techniques and to outline several directions for future
research. One major, immediate challenge is to gain deeper
insights into the nature of the energy barriers that determine the roughness of the energy landscape of unfolded
proteins. A second important challenge is to better characterize and understand the functional role of partial ordering,
or alternatively, disorder-to-disorder transitions, between
various phases of the unfolded state.
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1. Introduction
Better understanding of the structural and dynamical
properties of the unfolded state will provide a more complete picture of the way proteins fold. Likewise, gaining
insights into the unfolded state is essential to understanding the properties and functions of the proteins that are
known to be disordered in their biologically active form.
However, atomically detailed information of unfolded
proteins remains sparse, as a result of the conformational
heterogeneity and dynamics of the unfolded ensemble.
Several recent works have strived to address this gap.
The initial interest in the unfolded state was largely
motivated by the desire to better understand the thermodynamic driving forces governing protein folding. For
most small globular proteins at equilibrium, only two
populations, unfolded (U) and folded (F), predominate,
with only negligible thermodynamic contributions of the
intermediate states. In this case, the folding reaction can
be written as U +
( N, with an equilibrium constant of
Keq = [N]/[U]. This, from a physical perspective, is equivalent to considering that there exist two equally stable
phases of the protein chain which are separated by a free
energy barrier and consequently, the folded phase cannot
decay; for example, via continuous swelling.[1] However,
it is currently thought that the early stages of protein
folding kinetics are dominated by the structural collapse
into globular or molten globule conformations, followed
by two-state folding kinetics.[2–4]
Globular proteins and some intrinsically disordered
proteins (IDPs), under appropriate temperature and solIsr. J. Chem. 2013, 53, 1 – 10

vent conditions, undergo a collapse transition into the
molten globule state. This transition leads to an ensemble
of collapsed structures, whose average size depends continuously on, for example, the denaturant concentration.[5]
This result suggests that, for flexible heteropolymers, such
as proteins, coil-to-globule transitions are smooth secondorder phase transitions.[6] Proteins in the molten globule
state are rather dense, with native-like secondary structural elements, and are characterized by the absence of sidechain close packing, where instead, the side-chains dynamically explore various rotameric states. The key thermodynamic features of this state are the favorable increase in conformational entropy compared with the
folded ensemble, at the expense of less favorable intramolecular interactions.[7–9] The collapse into the molten
globule state, which is mediated mostly by hydrophobic
interactions, is commonly much faster than the overall
folding time.[10] Once a protein has collapsed to an unstructured globule, local motion will drive the conforma[a] I. Echeverria, G. A. Papoian
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tional search towards the native structural basin.[10] The
timescales over which unfolded proteins undergo substantial conformational reconfiguration, which is limited by
the diffusive encounter of the parts of the polypeptide
chain, ultimately determine the “speed limit”, or the maximum rate, at which proteins can potentially fold.[11,12]
Consequently, the upper limit for the kinetics of a protein
folding reaction will be governed by the rate at which
intra-chain contacts are formed and broken in the molten
globule state.
According to the Kramers theory, the barrier crossing
rate, k, for unimolecular reactions in a damped environment varies as k / g1 exp(~G/kBT), where ~G is the
barrier height and g is the friction coefficient. Here, the
pre-exponential factor sets the “speed limit” of the folding reaction, which has been estimated to be of the order
of 1 ms.[11–13] This estimate is comparable to the measured
folding times of the fastest folding proteins,[11,12] suggesting that the structural properties and dynamics of the unfolded state can affect the folding rates.[14] Moreover,
over the last few years, the dynamics of unfolded proteins
have been characterized under different denaturant and
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solvent viscosity conditions, allowing researchers to single
out the different contributors to the reconfiguration dynamics in the unfolded state. These studies have suggested that internal friction, which correlates with the compactness of the unfolded protein, rather than solvent friction, may provide the dominant contribution in the folding kinetics of proteins that fold in the microsecond range
or faster.[15,16]
A renewed interest in understating the properties of
unfolded proteins has come with the realization that between one-sixth and one-third of eukaryotic proteins are
either disordered or have large disordered regions.[17,18]
Moreover, these proteins have been identified as key
players in a variety of biological processes, such as transcription and signal transduction,[19] and their misregulation has been linked to numerous diseases. From a structural perspective, disordered proteins populate an ensemble of heterogeneous conformations, which is determined
by a balance of the inter-residue interactions and the entropy of the chain. It has been suggested that the net
charge per residue modulates the ensemble of populated
conformations, which can range from extended to highly
collapsed in aqueous solvents.[20]
Among the properties of the unfolded state that
remain to be fully understood are the roles of conformational heterogeneity and residual structures in the thermodynamics and kinetics of folding and aggregation. For
example, to what degree do the conformational heterogeneity and the residual secondary structure of the unfolded
state govern the disorder-to-order transitions in globular
proteins and in IDPs? Additionally, what is the origin
and what are the properties of the energy barriers that
determine the roughness of the energy landscape of unfolded and disordered proteins? This review focuses on
the recent developments in characterizing the unfolded
protein ensemble using molecular dynamics (MD) simulations and other computational methods. Additionally, we
will discuss how computational methods can be used sideby-side with recently developed experimental techniques
to further our understanding of the structural heterogeneity and reconfiguration dynamics of the unfolded ensemble. We will also discuss the similarities and differences of
the unfolded ensemble of globular proteins and intrinsically disordered proteins.

2. Characterizing the Structural Heterogeneity of
the Unfolded Ensemble
A defining characteristic of unfolded proteins and IDPs is
their conformational heterogeneity. The unfolded ensemble can be grossly characterized by its polymeric properties, such as average size, shape or density. For example,
the radius of gyration (Rg), which provides a measure of
a chains global dimensions, is suitable to identify coil-toglobule transitions.[21–23] However, these measures only ac-
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count for global and averaged properties, and do not capture many important aspects of the conformational heterogeneity of the unfolded ensemble. Hence, it is desirable
to develop an order parameter that will, for example,
identify local changes in the structure that do not necessarily change the global properties of the polypeptide and
that, additionally, is capable of distinguishing between homogeneous and non-homogenous ensembles of conformations. A proper order parameter would allow the quantification of the degree of heterogeneity of ensembles simulated at different conditions, such as temperature and denaturant concentrations, or upon changing the peptide by
mutations or post-translational modifications.
Several measures have been proposed to characterize
the unfolded ensemble. For example, the pairwise-q, an
often used order parameter in spin glass physics[24] and in
protein folding,[25–27]
3
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quantifies the structural similarity between two conformations i and j. Here ria,b and rja,b are the pairwise distances
between Ca atoms, a and b, in the conformations i and j,
respectively; Npairs is the total number of Ca pairs; and
s is a parameter that controls the resolution of the order
parameter, usually set to 2 .[28] qij ranges from near zero,
when two conformations have no structural resemblances,
to 1, when two structures are identical. The structural heterogeneity of an ensemble of conformations can by quantified by creating a histogram of q for all pairs of conformations sampled, to produce the probability distribution,
P(q).[28] The shape and position of the distribution provides a fingerprint of the heterogeneity of the sampled
ensemble. For example, comparing the P(q) of the conformational ensembles of wild-type and acetylated H4 histone tail Potoyan and Papoian determined that acetylation induces a significant reorganization of the energy
landscape, by inducing partial structural ordering.[28] In
this particular example, the bi-modal shape of P(q) signals that the ensemble contains distinct populations, with
one of the populations (higher pairwise-q) being subject
to structural ordering, and another being more disordered
(lower pairwise-q).
Another related order parameter, developed by Lyle
et al.,[22] was designed to discriminate between systems
where the coil-to-globule transition is coupled to the folding reaction and those which undergo coil-to-globule
transitions, adopting a highly heterogeneous ensemble of
compact conformations. This order parameter quantifies
the degree of similarity between all pairs of conformations in the ensemble by converting each conformation to
a vector, whose components are the inter-residue distances VC = {r12, r13, …, rN1,N}. Here, rij can be either the distance between the Cas of residues i and j, or defined as:
Isr. J. Chem. 2013, 53, 1 – 10

dij ¼


1 X X  i
r  rjn 
Zij m2i n2j m

ð2Þ

Here, rim and rjn are the position vectors of atoms m
and n within residues i and j, respectively, and Zij is the
number of unique pairs of interatomic distances between
residues i and j. The conformations, a and b, are compared using the pairwise dissimilarity measure, defined by
projecting the conformational vectors, VC :
Dab ¼ 1cosðWab Þ

ð3Þ
V V

where cos(Wab) = jVaajjVbb j. Using this order parameter, the
probability distribution P(D) can be used to characterize
the conformational heterogeneity of the ensemble in an
analogous way to the one described above for P(q). Nevertheless, to compare the ensembles obtained under different conditions or for different polypeptides, the average hDi needs to be normalized with respect to the maximum heterogeneity possible. For this, the authors suggest
using an approximation of the Flory random coil model
that is constructed for each polypeptide sequence.
A different approach to quantifying the structural heterogeneity of the unfolded ensemble is to perform structural clustering, according to their mutual RMSD,[29] of
the sampled conformations. Using long molecular dynamics simulations, where multiple folding events are observed, Deng et al. determined the heterogeneity of the
structures sampled between two adjacent folding/refolding events using the Rg as the order parameter to characterize the structural reorganization among the different
sampled clusters. However, this approach would not necessarily identify local changes in the structure.

3. Structure within the Unfolded Ensemble
The dimensions and conformational heterogeneity of the
unfolded proteins and IDPs are highly dependent on the
environmental and solvent conditions such as temperature, denaturant and salt concentrations, and on their
amino acid composition. For example, the chemically-induced unfolded state may be quite different from the unfolded state under more physiologically-relevant solvent
conditions. At near-zero and zero denaturant concentrations, proteins adopt collapsed structures, with a large
number of inter-residue contacts, which gives rise to secondary structures that can resemble those of their native
states.[30–32] In contrast, at high denaturant concentrations,
very few secondary structure elements are present,[33] and
the conformations of the unfolded proteins can be well
described by random coil models. IDPs, having high net
charge and a low content of hydrophobic residues,[18,20]
can exhibit extended conformations under physiological
conditions.[34] However, about one-fourth of IDPs adopt
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Figure 1. Phase diagram showing denatured, molten globular, and
native globular regions for proteins. The horizontal axis is the
number of residues of the polypeptide chain. The vertical axis is
the average radius of gyration (Rg(N)). Disordered histone tails,
which are indicated with the filled circles, populate relatively compact molten globule states. Reproduced with permission from Refs.
[28, 53].

globule-like conformations without necessarily acquiring
a homogenous ensemble of conformations (Figure 1).[35] It
has been proposed, for certain IDPs, that the intrinsic
heterogeneity of the sampled conformations is directly related to their function.[19,36]
Several studies of the unfolded ensemble have characterized the residual secondary structure, in an attempt to
decipher the early stages of protein folding and protein
stability.[31,37,38] Using molecular dynamics simulations, Tripathi et al.[39] investigated the unfolded ensemble of two
variants of the all-beta sheet domain, Tenascin-C. This
study demonstrated that early native contacts formed in
the unfolded state, together with the local structural rearrangements, are fundamental to forming the folding nucleus. Additionally, differences in the residual secondary
structure among the two variants causes backtracking, or
local unfolding, in the early stages of folding, possibly
slowing down folding kinetics.[39] The denatured state of
the four-helix bundle Acyl-CoA binding protein, at very
low denaturant concentration, has also been characterized
as having residual secondary structure, a highly compact
hydrophobic core, and an enriched number of long-range
interactions.[40,41] Moreover, these studies have demonstrated that the unfolded ensemble is highly heterogeneous, exhibiting slow dynamics, and that a single mutation can perturb the folding core.[40] In another study,
Maisuradze et al. studied the folding of the B-domain of
the staphylococcal protein at different temperatures, finding that the conformational ensemble of the unfolded
protein also contains a collection of conformations with
Isr. J. Chem. 2013, 53, 1 – 10

residual secondary structure elements and native-like
clusters of non-polar residues.[42]
Some IDPs, under specific conditions, upon association
with a specific partner or by self-assembly, can adopt
well-defined three-dimensional structures by coupling
binding and folding.[36,43,44] It has been proposed that, for
IDPs, the ability to adopt functional forms upon binding
is determined by their conformational heterogeneities.[36]
This, in the context of the energy landscape theory, is achieved by having a weakly funneled energy landscape that
stabilizes the folded conformation only when additional
interactions are present; for example, via molecular recognition of a specific interface.[45] Currently, it is not fully
understood whether binding induces the IDPs structural
changes or if binding selects the conformer with the “appropriate” structure. This is analogous to the “induced
fit” versus “conformational selection”controversy in protein allostery, which has a long history.[46] On the other
hand, some IDPs do not undergo disorder-to-order transitions when functionally active. Some examples of proteins
that maintain various degrees of disorder in the bound
state have been described in the last few years,[47] shedding light on the possibility of having a continuous structural spectrum of functional proteins.[45,48]
Molecular dynamics simulations have proven to be
a powerful tool for studying conformational heterogeneity of IDPs,[49,50] providing the spatial and temporal resolution necessary to understand, for example, the molecular
mechanism by which these proteins couple folding to
binding in a functional way.[36,51,52] Histone tails, which
play a crucial role in DNA compaction, are an example
of IDPs which exhibit mostly compact molten-globule
like structures (Figure 1). By studying the energy landscape of these proteins, Potoyan and Papoian showed that
their conformational dynamics are highly organized,
giving rise to ensembles of conformations that are far
from being completely disordered, and which contain organized secondary structure elements, with well-defined
conformational basins of attraction.[53] Further analysis
showed that a post-translational modification, a widely
used mode of biological regulation, can significantly
modify the conformational and binding propensities of
the histone tails by remodeling their energy landscapes.[28,53]
Molecular dynamics simulations are typically a single
molecule technique. In recent years, new efforts have
tried to elucidate the role of crowding and confinement
in folding and aggregation.[54–56] In a first approach, by
simulating the unfolding of a small ensemble of a ultrafast-folding and -unfolding protein (32 copies of the engrailed homeodomain), McCully et al.[57] determined that
the presence of neighboring protein molecules does not
significantly alter the unfolding pathway, but does affect
its kinetics by slowing down the process. As new advances
in computational techniques allow simulating larger systems for longer timescales, the effect of crowders and
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neighboring proteins in defining the unfolded ensemble
should be investigated in more depth.

4. Reconfiguration Dynamics
At various stages of the protein folding reaction, the
types and timescales of polypeptide chain motions can
vary dramatically (see the review in Ref. [58]). The thermodynamic properties of the unfolded ensemble are determined by the roughness of the free energy surface,
whereas the dynamical properties of the polypeptide
chain are described by diffusive motions on the same surface.[26,27,59–61] In the unfolded state, proteins explore nonfunneled or weakly-funneled regions of the energy landscape,[45,62] using diffusive motions that involve crossing
a variety of micro-barriers to structural reorganization
(Figure 2), determined by the intramolecular interactions
and the degree of compaction of the polypeptide. For example, the hydrophobic collapse of unfolded proteins into
molten globule conformations slows the reconfiguration
dynamics, due to an increased roughness of the free
energy landscape arising from increased steric clashes,
backbone dihedral transitions, hydrophobic interactions,
and the making and breaking of hydrogen bonds, among
others.[62] In contrast, some IDPs, which have an increased
number of charged residues, may adopt expanded conformations, where the roughness of the energy landscape is
determined by long-range interactions.[45] This suggests
that different dynamical regimes should be expected for
different unfolded ensembles.
Even though it has been well established that largescale motions of unfolded proteins are necessarily diffusive, it is unclear how much these motions are controlled
by viscous drag exerted by the solvent, as compared to
the effect of the inherent intramolecular energy landscape
or “internal friction”.[63,64] Experimentally, the contribu-

tion of the internal friction to the reconfiguration dynamics of unfolded proteins has been addressed by measuring
the viscosity dependence of various timescales of protein
dynamics (e.g., the folding time or reconfiguration time
in the unfolded state).[15,16,65–67] In such experiments, when
the reconfiguration time, t, is found to depend linearly on
the solvent viscosity h, i.e.,
t ¼ ah þ ti ,

ð4Þ

then the zero-viscosity intercept, ti, is usually attributed
to the internal friction.[15,16] These experiments have also
determined that the magnitude of internal friction correlates with the compactness of the unfolded protein, dominating the reconfiguration time of the compact states in
low denaturant concentration, and becoming negligible at
high denaturant concentrations and for intrinsically disordered proteins that have expanded conformations
(Figure 3). Furthermore, Soranno et al. were able to quantify the relative internal friction contributions as a function of denaturant concentration using polymer physics
modeling of the corresponding experimental measurements. Here, a modified version of the Rouse model, the
compacted Rouse model with internal friction (CRIF)
was used.[15,68] This model considers a polymer as a collection of N + 1 beads with coordinates r = (r0, r1, …, rN). Adjacent beads are connected by harmonic springs, such that
the potential energy is given by:
N
1 X
ðr  ri1 Þ2
V0 ¼ k0
2 n¼0 i

ð5Þ

where r is the vector whose components are the bead positions and k0 is the spring constant. To account for the
polymer collapse upon lowering the denaturant concen-

Figure 2. Free energy landscapes for globular and unfolded proteins. Left: Energy landscapes of globular proteins are thought to be funneled, such that the native state is both a thermodynamic global minimum and is also kinetically accessible[26,27] . Center: Energy landscapes
of certain IDPs can be weakly funneled; for example, IDPs that upon binding, post-translational modification or aggregation, can adopt
well-defined three-dimensional structures. Right: A random energy landscape where no specific functional conformation is favored. The
dominant populations, or the expected ensemble of populated conformations is shown in red. Reproduced with permission from Ref. [45].
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tration, the model includes a central potential which effectively compresses the chain towards the coordinate
origin:
N
1 X
r2
Vc ¼ kc
2 n¼0 i

ð6Þ

where the spring constant, kc, controls the degree of the
chain collapse. The internal friction is included by adding
a drag force term that opposes the relative motion of two
neighboring beads (i.e., d(riri1)/dt). Hence, the total
force on the ith bead, due to internal friction, is proportional to d(2ri12ri + ri + 1)/dt. The dynamics of the
CRIF chain is governed by:
xS

dr
dr
 xI k  k0 kr  k0 Ir þ fðtÞ¼ 0:
dt
dt

ð7Þ

Here, xS and xI are, respectively, the solvent and internal friction coefficients, f(t) is a random force vector satisfying the appropriate fluctuation-dissipation relationship,
I is the identity matrix and k is the connectivity
matrix.[15, 68]
Although several studies have characterized the presence of internal friction in proteins and polymers, the molecular origins of internal friction are currently not well
understood. Recent studies, using molecular dynamics
simulations, have started to shed light to the microscopic
origins of internal friction. For example, Schulz et al. dem-

Figure 3. Determination of the contribution of internal friction to
the reconfiguration time of unfolded proteins as a function of denaturant concentration (Guanidinium chloride (GdmCl)). Filled red
circles correspond to the experimentally measured end-to-end reconfiguration times (tr). The solid (dashed) black line shows the
timescale associated with internal friction (ti), calculated from the
CRIF (Zimm) model. The solid (dashed) grey line shows the reconfiguration time expected for a CRIF (Zimm) model in the absence of
internal friction (ts). The experimentally measured internal friction
timescales are shown in open circles and triangles. These measurements show that, under low-denaturant concentration, internal
friction plays a significant role in the dynamics of the unfolded
state. Reproduced with permission from Ref. [15].

Isr. J. Chem. 2013, 53, 1 – 10

onstrated that the internal friction, as well as the solvent
friction, varies along the folding pathways.[69] Additionally, using extensive all-atom molecular dynamics simulations, Echeverria et al. were able to estimate the internal
friction timescales for the cold shock protein under various solvent conditions[70] and found them to agree well
with the corresponding experimental measurements.[15]
Analysis of the reconfiguration dynamics of the unfolded
chain further revealed that correlated hops in the dihedral space provide the dominant mechanism for internal
friction of this protein.[70]

5. Connecting Simulations to Experiments and to
Theory
Over the last decade, experimental methods, such as
single molecule spectroscopy, have developed as important tools for characterizing the dynamics and structure
of the unfolded ensemble (see reviews in Refs. [14, 71–
73]). Most importantly, these methods have allowed researchers to characterize the heterogeneity of the unfolded ensemble in a wide range of timescales,[14,34,74] ranging
from nanoseconds to seconds. Additionally, recent advances in parallel algorithms, software, and hardware have
made molecular dynamics simulations beyond a microsecond timescale accessible on many supercomputers and
computer clusters. These developments have brought together a convergence of the timescales accessible through
experiments and simulations, thus allowing the comparison between the independently obtained structural and
kinetic information. This powerful approach of combining
and complementing structural and dynamical information
has been used to accurately determinate the ensembles of
conformations sampled by unfolded proteins at the
atomic level.[73,75]
Single molecule spectroscopy, based on fluorescence
detection in combination with Fçrster resonance energy
transfer (FRET), is a powerful tool for uncovering the
conformational heterogeneity of the sampled sub-populations and for studying their interconversion dynamics.
FRET methods, which are used as a spectroscopic ruler,
can be applied to monitor conformational changes in the
range of 10–80 , both at the steady state[72,76] and also in
time-resolved fashion,[14,77] providing information about
average intramolecular distances, the distance distributions, and the interconversion dynamics. A key advantage
of these single molecule measurements is that they make
it possible to extract dynamic information from equilibrium measurements.
Experimental information of the pairwise distances, obtained in FRET experiments, can be compared to distances obtained in molecular dynamics simulations or incorporated as constraints in simulations to bias the regions
of sampled conformational space. In one approach, Nath
et al.[78] used Monte Carlo simulations, constrained by
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pairwise distance distributions from single-molecule
FRET measurements, to characterize the conformation
ensemble of IDPs a-Synuclein and Tau. Their work
shows that few distance constraints (2 to 3) are sufficient
to reproduce the global dimensions of the IDPs ensemble. Additionally, by modifying dihedral angle potentials,
hydrogen bonding, effective residue-residue, and residueenvironment interactions, the authors were able to tune
the force field to reproduce the polymer scaling behavior
and mean inter-residue distances obtained experimentally.
Inter-chain quenching experiments have also been used
to characterize the unfolded ensemble.[79] Here, by analyzing the dynamics of contacts in the denatured Cytochrome (cb562), the authors determined that the contact
formation rate followed a power-law dependence on the
length of the probed segment of the polypeptide chain.
Additionally, vibrational spectroscopy techniques have
also been used to discriminate between different conformational manifolds sampled by unfolded and disordered
peptides and proteins in solution.[80]
The translation of experimental measurements into
structural information, as well as the connection between
experimental and computational observables, is not necessarily straightforward and, in many cases, only qualitative comparisons are possible. In such cases, the concepts
from statistical and polymer physics can provide the ideal
bridge between single-molecule experiments and molecular dynamics simulations, setting a theoretical framework
to describe the structural heterogeneity and dynamics of
the unfolded ensemble. For example, the conformational
dynamics of some unfolded polypeptides can be well described by random polymer models, such as the Rouse
and Zimm models,[15,81,82] to predict, for example, the rate
of contact formation or the reconfiguration times. Experimental studies of contact formation in unfolded proteins
have found reasonable agreement with theoretical
models, which can be further used to make predictions.[60,
65, 68, 79, 83]

As discussed above, single-molecule spectroscopy is
ideally suited for probing the unfolded ensemble from
a structural and dynamic viewpoints. This data can be
complemented with the information available from other
methods, such as NMR spectroscopy, where interatomic
distances can be obtained from inter-proton distances derived from nuclear Overhauser effects (NOEs).[84–87] Additionally, in the presence of correlated motions, the joint
distribution of interatomic distance can be complemented
with the scalar or residual dipolar couplings obtained
from NMR measurements to provide information about
the orientations of the internuclear vectors, allowing to
lift the degeneracy between ensembles with the same
pairwise distance distributions, but with different structural conformations.[88] NMR methods have also been applied, under denaturing conditions, to define a set of representative conformations that can be used as the starting
Isr. J. Chem. 2013, 53, 1 – 10

conformations for running unrestrained MD simulations.[33] In these studies, the combination of experimental
and computational methods provide an unique framework to characterize the structural and physicochemical
properties of the unfolded state of a protein in urea and
to advance the understanding of the mechanisms of protein folding and unfolding.
One caveat of simulating unfolded proteins and IDPs is
that the sampled ensembles are sensitive to the choice of
protein force fields.[89] Most force fields have been parametrized to reproduce the folded state of proteins rather
than the unfolded ensemble,[38,89] and therefore might fail
to capture some important aspects of the latters structural heterogeneity. Among the known discrepancies, currently used force fields tend to underestimate the average
radius of gyration of the unfolded ensemble,[38] tend to be
too hydrophobic[75] and tend to favor either a or b secondary structures. To address these pitfalls, one approach
has been to optimize the commonly used force fields to
reproduce the equilibrium conformational ensemble of
short peptides by, for example, revising the backbone potentials[90,91] to reproduce the structural propensities of
helix formation[90] . An alternative approach to characterize the conformational heterogeneity of unfolded proteins
and IDPs is to use Monte Carlo simulations using the
ABSINTH implicit solvation model,[92] instead of MD
simulations. This force field has been designed primarily
to determine the generic polymer character and conformational equilibria of IDPs in aqueous solutions by modeling the transfer of a polypeptide solute from the gas
phase into a continuum solvent as the sum of a direct
mean field interaction and a term to model the screening
of polar interactions. The ABSINTH model has been
used to study size distribution, long-range contacts, and
secondary-structure formation of IDPs.[20,23]

6. Summary and Outlook
The characterization of the unfolded ensemble of proteins
and IDPs at the atomic level resolution remains a challenging task, primarily because of the intrinsic conformational heterogeneity and complex dynamics of this phase.
Hence, many difficulties remain in the ongoing quest to
fully understand the structural and physicochemical properties of the unfolded state of proteins. For example, the
reconfiguration dynamics of proteins with coil-like state
conformations is mostly defined by the backbone dihedral
transitions and the protein-solvent interactions. In contrast, in the collapsed state, besides backbone rearrangement transitions and protein solvent-interactions, the intramolecular dynamics may become dominated by the
formation of secondary structure elements and native and
non-native contacts. A molecular-level description of the
extent of the contribution of each of these interactions,
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and how they determine the roughness of the energy
landscape, is still lacking.
The combination of experiments, simulations, and
theory represents a promising approach that should
enable us to gain further insights into the physicochemical
interactions that determine the states populated by the
unfolded ensemble, and the dynamic interconversion between these states. Furthermore, understanding the interactions that govern the unfolded ensemble should allow
us to more finely distinguish between different degrees of
disorder, or conformational heterogeneity. Here, particular emphasis should be placed on studying whether, and
how, binding or post-translational chemical modifications
regulate IDP function, by shifting the distribution of
highly populated conformations. The related partial ordering phase transitions, where the final state still appears
rather disordered (but less so than the initial state), need
to be further probed, both computationally and experimentally.
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